
Claremont Colleges Claremont Colleges 

Scholarship @ Claremont Scholarship @ Claremont 

CGU Theses & Dissertations CGU Student Scholarship 

Spring 2021 

Force regulation in contractile cells by chemical and mechanical Force regulation in contractile cells by chemical and mechanical 

signaling signaling 

Esteban Vazquez-Hidalgo 
Claremont Graduate University 

Follow this and additional works at: https://scholarship.claremont.edu/cgu_etd 

Recommended Citation Recommended Citation 
Vazquez-Hidalgo, Esteban. (2021). Force regulation in contractile cells by chemical and mechanical 
signaling. CGU Theses & Dissertations, 305. https://scholarship.claremont.edu/cgu_etd/305. 

This Open Access Dissertation is brought to you for free and open access by the CGU Student Scholarship at 
Scholarship @ Claremont. It has been accepted for inclusion in CGU Theses & Dissertations by an authorized 
administrator of Scholarship @ Claremont. For more information, please contact scholarship@claremont.edu. 

https://scholarship.claremont.edu/
https://scholarship.claremont.edu/cgu_etd
https://scholarship.claremont.edu/cgu_student
https://scholarship.claremont.edu/cgu_etd?utm_source=scholarship.claremont.edu%2Fcgu_etd%2F305&utm_medium=PDF&utm_campaign=PDFCoverPages
mailto:scholarship@claremont.edu


Force regulation in contractile cells by
chemical and mechanical signaling

by
Esteban Vazquez-Hidalgo

Claremont Graduate University and San Diego State University
2021

c© Copyright by Esteban Vazquez-Hidalgo, 2021
All rights reserved.



Approval of the Review Committee

This dissertation has been duly read, reviewed, and critiqued by the Committee listed
below, which hereby approves the manuscript of Esteban Vazquez-Hidalgo as fulfilling
the scope and quality requirements for meriting the degree of Doctor of Philosophy.

Parag Katira, Chair
San Diego State University

Associate Professor, Department of Mechanical Engineering

Paul Paolini, Member
San Diego State University

Professor Emeritus, Department of Biology

Christal Sohl, Member
San Diego State University

Associate Professor, Department of Biochemistry

Ali Nadim, Member
Claremont Graduate University

Professor, Institute of Mathematical Sciences

Claudia Rangel-Escareño, Member
Claremont Graduate University

Adjunct Professor, Institute of Mathematical Sciences



“Don’t underestimate the force.”
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Abstract

Force regulation in contractile cells by chemical and mechanical signaling

by
Esteban Vazquez-Hidalgo

Claremont Graduate University and San Diego State University: 2021

Chemical and mechanical signaling are essential for physiological processes. Dysregu-

lation of these signals can promote disease states by altering force generation. It is cru-

cial that we understand how these signals affect force generation and the implication of

that force in health and disease. We approach this by investigating cells from two types

of tissues: heart tissue cells and epithelial tumor cells. Chemical signaling by intracellu-

lar calcium directly regulates heart contractions. Altered calcium handling in heart cells

is known to affect force generation in the heart, leading deleterious effects resulting in

cardiovascular disease. Chemical and mechanical signaling in epithelial affect epithe-

lial cell force generation. Responses to chemomechanical signals that increase force by

epithelial cells has been shown to increase metastatic potential in tumors. The need

to understand how these signals affect force generation could provide new insights in

identifying targets for treatment. We use computational models to help us gain mech-

anistic insight into how cells regulate force generation as a response to chemical and

mechanical cues.
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Chapter 1

Introduction

Contractile cells, such as muscle cells and epithelial cells, are cells with intracellular

structures that decrease in length in response to a trigger. Contraction can be local where

only part of the cell contracts, or cellular, where the whole cell contracts. Contractile

cells exhibit a wide range of behaviors that arise from actin and myosin activity. Actin

and myosin form a force generating contractile unit. The force generated by the actin-

myosin complex is crucially significant in health and disease.

Actin-myosin contractility determines heart health. Healthy hearts generate suffi-

cient force to pump blood to all the tissues. The efficiency of each pump improves with

exercise. Hearts benefit from exercise training. Force develops faster, blood is ejected

more efficiently, and heartbeats decrease in frequency. Hearts with decreased force gen-

eration suffer systolic heart failure; the heart simply cannot generate sufficient force to

pump blood out of the heart.

Epithelial cells exhibit migratory behaviors that result from intracellular actin-myosin

forces. Indeed, cellular migration by contractile cells plays a major role in develop-

mental and physiological processes. Cellular migration is the process by which a cell

translocates in a directed manner i.e., not random. During embryonic development,

cells migrate to form the endoderm, mesoderm, and ectoderm. Each will engage in

further differentiation and migration to form all the different tissues in the body. Cells
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also migrate to maintain physiological health. For example, cell migration mediates

immune response where neutrophils in the bloodstream migrate to an infection site to

neutralize infections or destroy invading pathogens. Cell migration is necessary for tis-

sue repair and wound healing. In some instances, cell migration might be undesired

as it can contribute to chronic inflammatory disease, vascular disease, tumor formation,

and metastasis.

Our interest is to understand how forces are generated and regulated in cardiac and

epithelial cells. To explain the roles that actin-myosin contractility plays, we first de-

scribe what actin and myosin are, what contractility is, and how actin-myosin contrac-

tility affects cellular behavior.

1.1 Actin and Myosin

Actin is an abundant protein found in eukaryotic cells and plays a vital role in intracel-

lular processes. Furthermore, actin is an essential component of cytoskeletal structures

such as microfilaments and intermediate filaments. De novo actin is synthesized as a

monomer. Newly synthesized acting is a polar globular protein (G-actin) with a positive

and negative end. Nucleating factors, such as ARP2/3, initiate G-actin polymerization

into double helical filaments (F-actin) [1]. F-actin polymerizes by the sequential addition

of G-actin monomers to the positive end of the newly formed G-actin aggregate (Figure

1.1A-C). In its filamentous form, actin is a main component of the cytoskeleton giving

cells shape and structure. In contractile cells, actin has a secondary role: to provide a

substrate for motor proteins, like myosin, to do work.

Myosin is a motor protein. It converts chemical energy from ATP hydrolysis into

mechanical work. Myosin is a superfamily consisting of 15 myosin classes [2]. Myosins

serve different functions but have similar structures and domains. Of the 15 classes, we

are interested in myosin II. Myosin II is found in skeletal, cardiac, and smooth muscle

cells as well as in non-muscle cells, such as epithelial cells. Myosin II consists of 3

domains: head, neck, and tail. The head domain contains two functional regions: one

is an actin binding site and the other is an ATP binding site. The neck region regulates



Chapter 1. Introduction 3

(+)

(-) (+)

(-)

(-)

(+)
(-) (+)

(+)

A B

C

D Tail

Neck

Head

E

G-actin

ARP2/3

F-actin

FIGURE 1.1: A) Actin synthesizes de novo as a globular polar
monomer, G-actin. B) Nucleation factors, like ARP2/3, initiate
actin polymerization by adding actin monomers to the positive end
of the growing filament. C) Filamentous actin, F-actin, is a parallel
double helix with a positive and negative end. D) Myosin contains
3 regions: Head, neck, and tail. E) Myosin tails interact with each
other to form parallel bundles that interact with the tails of other
myosin tails to form a myosin ensemble with heads at both ends.

the availability of the head domain to engage in ATP hydrolysis. Mechanically, the

neck acts as a lever to transfer the myosin head movement onto actin. The tail domain

interacts with tail domains of other myosin II. These tail-tail interactions result in bipolar

molecules with myosin heads at opposite ends and tails in the middle [3] (Figure 1.1D-

E).

1.2 Actin-Myosin Organization

Actin and myosin work together as a contractile unit. Actin-myosin contraction only

happens when actin and myosin organize in a specific way, first described by observ-

ing actin-myosin organization in muscle cells [5]. In muscle cells, actin and myosin
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(+) (-) (-) (+)

(+) (-) (-) (+)

(+) (-) (-) (+)

(+) (-) (-) (+)

A

B

FIGURE 1.2: A) Sarcomeres consists of parallel bundles of actin fil-
aments orient themselves with their negative end pointed toward
each other and their posive ends pointed away. Myosin sits be-
tween the two bundles of parallel actin filaments. Myosin "walks"
towards the positive end of actin (green arrows). Actin is displaced
in the opposite direction (blue arrows). B) Sarcomere contraction
decreases the spacing between the two bundles of parallel actin fil-
aments without altering the length of either protein [4].

form highly organized repeating contractile units called sarcomeres. Sarcomeres are ba-

sic contractile units that consist of bundles of parallel thin (actin) and thick (myosin)

filaments. Two bundles of parallel actin filaments orient their negative ends pointing

towards the middle of the sarcomere and the positive ends pointing outwards. In be-

tween the actin filaments lies the bipolar myosin filament. This orientation, with myosin

sitting between two groups of parallel actin filaments is called sarcomeric orientation.

Figure 1.2 shows a schematic view of sarcomeric orientation.

Contraction occurs when myosin binds to actin, hydrolyzes ATP, and walks towards

actin’s positive end. Myosin displaces actin in the opposite direction of myosin’s walk-

ing. As myosin walks, it remains stationary realtive to the actin displacement. It is

essentially treadmilling by displacing actin. As actin is displaced, the gap between the

bundles of parallel actin filaments decreases. Sliding filament theory states contraction
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occurs when actin filaments slide by myosin filaments without a change in length of

the contractile proteins [6]. That is, during contraction neither the length of the actin

filament nor the length of the myosin filament change–only spacing between bundles of

parallel actin filaments decreases. Other types of actin-myosin non-sarcomeric orienta-

tions are possible (Figure 1.3). When myosin sits between a two parallel actin filaments,

instead of in between two bundles of parallel filaments, myosin simply walks along the

filaments like a train on tracks. Another orientation occurs when actin organize them-

selves in an antiparallel orientation and depending on the orientation of surrounding

actin-myosin complexes, force may or may not be generated.

(-) (+)

(-) (+)

A

B

(-) (+)

(+) (-)

FIGURE 1.3: Actin and myosin organize in non-sarcomeric orienta-
tions. A) Uniform organization occurs when myosin sits between
two parallel actin filaments. Myosin moves towards actin’s pos-
itive without displacing actin. B) Mixed orientation has myosin
sitting between anti-parallel actin filaments myosin walks towards
opposing positive end, but not necessarily generating force [4].
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1.3 Actin-Myosin Force Regulation

Sarcomeric actin-myosin contractility generates force. Sarcomere orientations can be

highly organized, as in skeletal and cardiac muscle cells, or less organized, like in ep-

ithelial cells. Nonetheless, contractile cells are able to use this force to affect their envi-

ronments.

Contractile cells regulate force generation as a response to some environmental sig-

nal. Some of these signals are of interest to us. Specifically, we are interested in how

force generation is regulated in cardiac cells by calcium signaling. In epithelial cells we

are interested in force generation in response to mechanical and chemical cues.

This dissertation builds on our current understanding of cellular and molecular dy-

namics that regulate force generation at the cellular and molecular level. In the follow-

ing chapters, we will discuss specific chemical and mechanical triggers of force gener-

ation and their effect on cardiac and epithelial cells. We use computational models to

help us gain mechanistic insight into how cells regulate force generation as a response

to chemical and mechanical signals.
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Chapter 2

Calcium Signaling in Cardiocytes

The heart is a pump that transports necessary blood to the tissues to deliver nutrients,

remove metabolic waste, and aid in gas exchange. Tasked with these functions, the

heart is the first organ to develop and become functional [7, 8]. Unlike other organs, the

heart begins to function while it continues to develop. Heartbeats are detectable in early

developmental stages (embryonic day 22 (ED 22) in humans, ED 9 in rats)[7]. At this

stage, the heart is a beating tube (Figure 2.1) with a functioning excitation-contraction

coupling (ECC) mechanism [9]. ECC describes the communication that starts with elec-

trical signals, transduced by calcium signals, and results in mechanical pumping [10].

2.1 Calcium Signaling

Cells possess the ability to receive, process, and transmit signals to its immediate envi-

ronment, to cells over short or great distances, or with itself [13]. Heart cells are able to

detect different signals, such as electrical signals, transduce them, and respond to the

signal in the form of a contraction. While cardiac electrical signaling has its own rele-

vance in heart health and disease, we focus on the force regulating intracellular signal

that is the calcium signal. Calcium (Ca2+) is a necessary ion in cardiac contraction reg-

ulation [10, 14, 15]. Cytosolic Ca2+ concentrations ([Ca2+]) fluctuate cyclically during
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21 days 22 days20 days

Endocardial
tubes

Fusion into
primitive
heart tube

Truncus arteriosus

Bulbus cordis

Primitive ventricle

Primitive atrium

Blood flow

35 days35 days

Aortic arch arteries

Truncus arteriosus

Left atrium

Ventricle

Right atrium

FIGURE 2.1: The heart is the first functioning organ. At early de-
velopmental stages, the heart is a pair of tubes that undergoes fu-
sion. The heart tubes contain the tissues that will undergo further
differentiation and morphogenesis to become the atria, ventricles,
valves, and blood vessels. At embryonic day 22 (ED 22), heart beats
are detected. By ED 35, the heart is fully formed [11, 12]
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contraction and relaxation. An increase in [Ca2+] initiates contraction and removal of

Ca2+ terminates contraction. The strength of the contraction is regulated by the ampli-

tude and duration of the Ca2+ transient [14]. The Ca2+ transient represents the change

in cytosolic [Ca2+] over time.

Prior to contraction, diastolic cytosolic [Ca2+] is low, approximately 100 nM. At its

peak, cytosolic [Ca2+] increases upwards of 1µM [16]. Contraction ceases when Ca2+

levels decrease and revert to their diastolic levels. Cytosolic Ca2+ increases when the

electrical signal from the pacemaker cells depolarize the cardiocyte sarcolemma (SL)

membrane. Cardiocytes maintain a membrane potential by selectively shuttling sodium

(Na+) and potassium (K+) ions across either side of the membrane. Ion channels and

pumps are responsible for creating and maintaining the membrane potential. Electrical

stimulation depolarizes the membrane potential and activates ion channels. The chan-

nels work as gates to prevent ions from inwardly diffusing with the gradient. When

the voltage-gates are open, Ca2+ ions passively diffuse with the chemical gradient. Ex-

tracellular calcium concentrations are approximately 1.4 mM [17], orders of magnitude

greater than intracellular diastolic Ca2+ concentrations, making the inward diffusion of

Ca2+ favorable. Calcium enters the cell via the sarcolemmal voltage-gated L-type Ca2+

channels (LTCC) and diffuses into the cytosol. This newly entered Ca2+ does not initi-

ate contraction, but it is responsible for releasing the Ca2+ that initiates contraction [14,

18–21].

Relatively low concentrations of extracellular Ca2+ diffuse across the cytosol until it

reaches the sarcoendoplasmic reticulum (SR). The SR is an internal Ca2+ reservoir with

a [Ca2+] approximately 700 nM, appreciably higher than the cytosolic calcium concen-

tration, making diffusion from the SR into cytosol favorable [22]. Ryanodine receptors

(RyR) are sensitive to small increases in cytosolic calcium concentration. SR Ca2+ is re-

leased when extracellular Ca2+ activates Ca2+ sensitive ryanodine RyR on the surface

of the SR membrane. Upon activation, RyR opens and the SR rapidly releases the stored

Ca2+ into the cytosol. Cytosolic calcium concentrations peak milliseconds after RyR

activation.
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FIGURE 2.2: Tropomyosin is a filamentous protein that runs along-
side actin. The troponin complex attaches to tropomysin and actin.
A) At low cytosolic calcium concentrations, the tropomyosin-
troponin complex blocks the myosin binding sites on actin. When
calcium diffusion reaches the sarcomere, calcium binds to tro-
ponin C, causing a conformational change that results in the
tropomysosin-troponin complex to shift, revealing the mysosin
binding sites (B).
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As cytosolic [Ca2+] increases, it diffuses to the sarcomeres. Skeletal and cardiac

sarcomeres contain tropomyosin [23]. Tropomyosin is a filamentous protein, similar

to F-actin, that twists alongside actin filaments, blocking the myosin binding sites on

actin. Tropomyosin has 3 additional proteins attached to it: troponin T, troponin C,

and troponin I [23, 24]. Troponin T binds the troponin complex (troponin T, C, and I)

to tropomyosin. Troponin C has a calcium binding domain and a troponin I binding

domain. Troponin I attaches to actin, holding the tropomyosin-troponin complex in

place. When Ca2+ reaches the sarcomeres, it binds to troponin C causing a conforma-

tional change. This results in troponin I detaching from actin, which causes a shift in

tropomyosin, exposing the myosin binding sites on actin [25, 26].

With tropomyosin out of the way, myosin is unrestricted to bind to actin to initiate

contraction via ATP (adenosine triphosphate) hydrolysis to produce ADP (adenosine

diphosphate) and energy.

ATP + H2O −→ ADP + Pi + energy

The conceptual model that describes the temporary attachment of myosin to actin to

generate force is the crossbridge cycle [6, 27]. The states in the crossbridge cycle are:

1. Myosin is dissociated from actin. ATP binds to myosin.

2. Myosin moves into position, ready to bind to actin. ATP is hydrolyzed into ADP

and phosphate (Pi).

3. Myosin binds to actin.

4. Myosin generates force, displacing ADP and (Pi). Myosin is ready to repeat the

cycle.

Elevated [Ca2+] activates the removal process of cytosolic Ca2+. Activation of the

sarco-endoplasmic reticulum calcium-ATPase (SERCA) pump and the sodium-calcium

exchanger (NCX) regulate in this process. SERCA is located at the SR membrane and

actively pumps Ca2+ from the cytosol into the SR. NCX, on the other hand, is located
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FIGURE 2.3: The crossbridge cycle (tropomyosin-troponin com-
plex not shown) shows how myosin generates force by hydrolyz-
ing ATP and its position relative to actin at each state. ATP causes
conformational changes in myosin. The binding and hydrolysis of
ATP are mechanically significant for myosin. ATP binds to myosin
and is hydrolyzed, priming myosin for binding. Myosin binds, en-
gages in the powerstroke cycle, and releases ADP. Each step in the
crossbridge cycle has a forward rate, except for ATP hydrolysis.
ATP hydrolysis is reversible and is represented by the reverse re-
action.
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at the sarcolemma and removes Ca2+ by exchanging it with sodium. Every calcium ion

is exchanged for 3 sodium ions [28]. In this manner, calcium released from the SR is

returned to the SR and calcium that originated from the extracellular space is returned

to the extracellular space.

Proper regulation of cytosolic calcium concentrations by RyR, SERCA, and NCX is

necessary for heart functions. Alterations in expression levels of RyR, SERCA, and NCX

have been identified in cases of cardiovascular disease. The regulation of Ca2+ cyclilng

is critically important as the strength of contraction is regulated by the amplitude and

duration of the Ca2+ transient [20]. Examples of altered Ca2+ transients are evident in

some cardiovascular diseases.

2.2 Calcium signaling dysregulation

Changes in Ca2+ handling are observed with certain cardiovascular diseases [29]. Al-

tered expression or activity of Ca2+ regulating proteins are known to change the con-

tractile behavior of the cell and the heart. Incomplete removal of cytosolic Ca2+ results

in elevated diastolic [Ca2+] that triggers spontaneous RyR Ca2+ release [30] leading to

arrhythmic cardiac function [31]. Improper Ca2+ handling can occur by RyR, SERCA,

or NCX. Failure to remove cytosolic Ca2+ can activate RyR. RyR is sensitive to cytosolic

[Ca2+] and can release SR Ca2+ spontaneously, or it can be “leaky”, further increasing

cytosolic [Ca2+] [32–34]. SR Ca2+ uptake by SERCA is reduced in the failing human

heart [29]. The reduced uptake can happen either by down-regulated SERCA expres-

sion or suppressed SERCA activity [35] with NCX activity increasing to compensate for

SERCA’s inability to lower cytosolic [Ca2+] [36]. These observations show that Ca2+

handling has a role in heart disease and that some compensatory response is present to

maintain physiological cytosolic [Ca2+].

To study Ca2+ regulation further, we use neonatal rat cardiomyocytes. Unlike adult

cardiocytes that are rod-like, neonatal cardiocytes are spherical and have minor anatom-

ical differences. Adult cardiocyte membrane voltage receptors are found in sarcolemmal

invaginations, called T-tubules. T-tubules are pocket-like structures that probe into the
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FIGURE 2.4: A) Adult cardiocytes contain T-tubules, specialized
invaginations that serve to minimize the distance that extracellular
calcium diffusion distance. T-tubules bring LTCCs close to RyR.
B) Neonate cardiocytes do not contain T-tubules, or contain bud-
ding T-tubules. Extracellular calcium has to diffuse over a greater
distance since the LTCCs are far from RyR.

cell. The invaginations bring the LTCCs closer to the SR inside the cell, minimizing the

distance between the LTCC and the RyR receptor. Neonatal cardiocytes either lack T-

tubules structures or have budding T-tubules that are starting to form. The LTCCs are

farther from RyR and Ca2+ has to diffuse across a greater distance. The morphological

differences do not affect the mechanisms that regulate cytosolic [Ca2+].
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FIGURE 2.5: Model representing a neonate cardiocyte. Ca2+ enters
primarily by the inward LTCC, ICaL. Other voltage-gated channels,
If ,IK1,IKs, IKr, Ito, INa, INab, ICab, and ICaT regulate the membrane
potential. Ca2+ diffuses across the cytosol, activating RyR to re-
leases Ca2+ from the SR stores. Ca2+ then causes a conformational
change in troponin at the myofilaments, initiating contraction. In-
creased cytosolic [Ca2+] activates SERCA and NCX to return SR
Ca2+ back to the SR and extracellular Ca2+ back to the extracelluar
space. Removal of cytosolic Ca2+ terminates contraction.
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3.1 Abstract

Calcium (Ca2+) is necessary for cardiac muscle contraction. RyR, NCX, and SERCA are

key regulatory protein channels for cytosolic Ca2+ in the cardiomyocyte. Expression

levels of these proteins are a function of development and disease. We investigated

how downregulation by siRNAs of RyR and NCX affected expression levels of compli-

mentary proteins their corresponding intracellular Ca2+ transients. We compared the

experimentally observed Ca2+ transients to those predicted by mathematical models.

Experimental results show RyR downregulation decreased SERCA and increased NCX

protein levels. The associated Ca2+ transient had decreased amplitude, increased time-

to-peak (TTP), time-to-50% (T50), and time-to-90% (T90) Ca2+ removal with respect to

the control population. NCX downregulation increased SERCA production without sig-

nificant changes in RyR expression levels. The corresponding Ca2+ transient increased

amplitude, no change in TTP and T50 Ca2+ removal, but increased T90 Ca2+ removal

with respect to the control population. Computational models that accurately predict

the observed experimental data suggest compensatory changes occurring in the expres-

sion levels as well as biochemical activity of the regulatory proteins.

3.2 Introduction

The heart is a pump that transports necessary blood to the tissues to deliver nutrients,

remove metabolic waste, and aid in gas exchange. Tasked with these functions, the heart

is the first organ to develop and become functional [7, 8]. Heart beats are detectable in

early developmental stages (embryonic day (ED) 22 in humans, ED 9 in rats)[7]. At

this stage, the heart is a beating tube with a functioning excitation-contraction coupling

(ECC) mechanism [9] that controls electrical signals to mechanical pumping [10], es-

tablishing early on the importance of producing controlled cardiac contraction from

electrical stimulation and ionic flux balance.

Each heart beat is the result of numerous orchestrated multiscale efforts. Our study
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is at the cellular and molecular level, focusing on Ca2+ flux handling. Ca2+ is a neces-

sary ion in heart contraction [14] as the strength of cardiac contraction is regulated by

the amplitude and duration of the Ca2+ transient [20]. Specifically, we are interested

in learning how cytosolic [Ca2+] behaves in cultured neonatal rat ventricular myocytes

(NRVMs) when short interfering RNAs (siRNA) are used to independently inhibit pro-

tein expression of the Na+/Ca2+ exchanger (NCX1, refered to as NCX) and the cardiac

isoform of ryanodine receptors (RyR2, refered to as RyR). Furthermore, we are inter-

ested in observing any compensatory changes in protein expression of RyR, NCX, and

the sarcoendoplasmic reticulum Ca2+-ATPase (SERCA) pump when RyR and NCX are

downregulated.

NRVMs are a robust model used to study mechanical and physiological properties

[20, 37], develop spatiotemporal computational models of ECC [15, 19], and investigate

drug-induced differential gene expression [38]. Similarity between post-natal and dis-

eased adult cardiomyocytes has been used as a rationale for using NRVMs as a model to

study certain aspects of cardiovascular disease, such as Ca2+ handling and ECC[39]. We

acknowledge that NRVMs in vivo and in vitro are morphologically different [40, 41] from

healthy and diseased adult myocytes with the immature myocytes being spheroid while

healthy and adult myocytes are rod-like [42]. However, in diseased hearts, transverse

tubule (t-tubule) density within the adult myocytes decreases or their position drifts.

This drift changes the proximity of the sarcolemmal (SL) L-type Ca2+ channel (LTCC)

to the sarcoplasmic reticulum (SR) RyR channels [43–45], essentially leaving "orphaned"

RyR channels resulting in altered extracellular and SR Ca2+ fluxes [18, 46–49].

We begin by an independent knockdown of RyR and NCX. We measure relative pro-

tein expression of RyR, NCX, and SERCA for each knockdown followed by fluorescence

intensity measurements of free cytosolic [Ca2+] for each knockdown group. Lastly, we

use an established computational model calibrated to our experimental conditions to

identify underlying dynamics mechanistic implications not explained by differential

protein expression.
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3.3 Material and Methods

Experiments were carried out in accordance with institutional and federal guidelines.

Animal use protocols were approved and supervised by San Diego State University

Office of Laboratory Animal Care and the Institutional Animal Care and use Committee.

All procedures were done according to manufacturer’s protocols unless otherwise

stated.

3.3.1 Neonatal Rat Ventricular Myocyte Isolation

NRVMs were harvested from litters of 1-day old Sprague-Dawley (Rattus norvegicus)

hearts. The ventricles were separated from the hearts and placed in air compatible Dul-

becco’s Modified Eagle’s Medium (DMEM)(Thermo Fisher, CA). The ventricles were

pooled, minced, and enzymatically isolated by seven rounds of trypsin (Invitrogen,

CA) at 37◦C. After each digestion round, the supernatant was removed and placed in

DMEM/F12 (Thermo Fisher, CA) containing 20% fetal bovine serum (FBS) (Thermo

Fisher, CA). NRVMs were pre-plated for 2 hours to remove fibroblasts [50].

3.3.2 Gene Silencing

We use downregulation by siRNA as we are interested in altering gene expression in

healthy cells vs. using genetically modified cells from animals with congenital abnor-

malities. Stealth RNAi and scrambled oligo-ribonucleotide duplex (Invitrogen, CA)

were used. Reverse transcription of siRNAs were preformed with TransMessenger

Transfection Reagent (Qiagen, USA). Fluorescently labeled dsRNA oligomer, BLOCK-iT

(Thermo Fisher, CA), optimized delivery rates. Transfections were done prior to NRVM

seeding. Gene of interest (GOI) siRNA or control siRNA were incubated at room tem-

perature with Enhancer R and Buffer EC-R (Qiagen, USA) for 20 minutes. TransMessen-

ger Transfection Reagent was added and incubated for an additional 10 minutes at room

temperature. Immediately after room temperature incubation, NRVMs with transfec-

tion mixtures were placed in DMEM-air at 37◦C, 5% CO2, for 4-6 hours. Transfection
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mixtures and DMEM-air were removed and replaced with DMEM/F12 supplemented

with 10% FBS, incubated for 48 hours at 37◦C and 5% CO2.

3.3.3 Western Blots

NRVMs for western blots were pooled and plated in 6-well plates at 0.5 × 106 cells per

well from 12 ventricles. NCX and RyR knockdown were performed on separate popu-

lations from different litters, each with a control group from the respective group. Pro-

tein was extracted 48 hours post transfection with All Prep RNA/Protein Kit (Qiagen,

USA). Protein concentrations were determined by Lowry assay (Bio-Rad, CA). 20 µg

of total protein was denatured at 70◦C for 10 minutes and loaded in 3-8% Tris-Acetate

Gel (Invirogen, CA) for NCX and RyR2, running in 1×Tris-glycine SDS Running Buffer

(Invitrogen, CA) at 125V for 90 minutes. Proteins were transferred to 0.45 µm pore

size nitrocellulose membrane in 1×NuPage Transfer Buffer (Invitrogen, CA). SERCA

proteins were loaded in 4-12% Bis-Tris Gels (Invitrogen, CA) running in 1×MOPs SDS

running buffer (Invitrogen, CA) at 150V for 90 minutes and transferred to 0.45 µm pore

size PVDF membrane (Invitrogen, CA). 0.5% Ponceau-S was used for protein visualiza-

tion followed by a 5% non-fat milk block buffer for 1 hour at room temperature. Mem-

branes were then transferred to fresh blocking buffer with diluted antibodies (RyR2

1:500, NCX 1:200, SERCA 1:2000, GAPDH 1:5000) (Jackson ImmunoResearch, PA) fol-

lowed by overnight incubation on a shaker at 4◦C. The following day, 3 10-minute TBST

washes were performed followed by Western Lightning plus ECL Enhanced Chemilu-

minescence (Perkin Elmer, MA). Proteins were detected on x-ray film (Fuji, Japan). Pro-

tein levels were determined with Image J gel analysis tool kit (NIH, USA). Experiments

were performed three times with triplicate samples. Unpaired t-tests were used with

population means±SEM. Differences in the means were deemed statistically significant

when P< 0.05(∗), P< 0.01(∗∗), and P< 0.001(∗∗∗).
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3.3.4 qRT-PCR Analysis

Relative mRNA levels were compared by reverse transcription quantitative polymerase

chain reaction (qRT-PCR). Total mRNA was extracted from NRVMs with All Prep RNA/Protein

Kit 48 hours post transfection. RNA was amplified in 48-well plates using Eco Real-Time

PCR Detection System (Illumina, CA) with KAPA SYBR FAST One-Step qRT-PCR Kits

(Kapa Biosystems, MI). NCX, SERCA, and RyR2 RNA samples were analyzed in tripli-

cate using comparative CT value to determine fold change of mRNA expression. Data

were normalized by GAPDH (see supplementary tables).

3.3.5 Calcium Transient Measurement

NRVMs for Ca2+ measurements were plated at 1×106 cells per well on fibronectin

coated coverslips. Ca2+ fluorescence intensities were acquired with a dual emission

photometry system (Photon Technology International, Lawrenceville, New Jersey) [51].

Briefly, 10µM of Fluo-3AM (Molecular Probes, Inc) in dimethly sulfoxide (DMSO) was

added to 10 ml of 10% FBS supplemented with 0.05% pluronic F-127 (Molecular Probes,

Inc). Each well was loaded with 1 ml of Fluo-3AM complex and incubated for 20 min-

utes. After incubation, NRVMs were washed with 1:1 media and the coverslip was

placed onto an environmental stage chamber with 1 ml of 1:1 medium. NRVMs were

field stimulated at 0.3 Hz for 3 msec duration at 50mV. Fluorescence intensity was mea-

sured using Felix computer software (Photon Technology International, Lawrenceville,

New Jersey). Due to limitations by the use of non-ratiometric dye, experimental and

computational baselines are set to [Ca2+] = 0. Cytosolic free [Ca2+] was approximated

by the pseudoratio

[Ca2+] =
∆F

F0
(3.1)

where ∆F is the fluorescence intensity and F0 is the baseline measurement as de-

scribed in [52] and as performed computationally by Korhonen et al [19].
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3.4 Computational Model

Computational models for ventricular and atrial cardiac systems exist for adult animals.

Some of the more recognizable adult ventricular models include rabbit [53], mouse [54],

and human [55]. Fewer neonatal models exist. Fewer computational models exist for

neonatal animals. There is a neonatal mouse ventricular model [15] and a neonate rat

ventricular model [19]. Both models use ordinary differential equations to solve action

potential based on ionic concentrations. We employ the mathematical model presented

by Korhonen of NRVMs as it closely matches our cell geometry and initial conditions.

The model takes into account action potentials based on potassium (K+) and sodium

(Na+) currents as well spatiotemporal cytosolic changes in [Ca2+] from the SL and SR.

The model provides us with a method to perform a functional analysis of the Ca2+

cycling proteins NCX, RyR, and SERCA.

Our focus in this model are the equations related to RyR, NCX, and SERCA. The

mathematical model describes the Ca2+ efflux from the SR via the RyR channel as

JRyR = kRyRPopen
(
[Ca2+]SRrelease − [Ca2+]subSR

)
(3.2)

where kRyR is the RyR scaling factor, [Ca2+]SRrelease is the [Ca2+] from the SR, [Ca2+]subSR

is the [Ca2+] immediately adjacent to the SR membrane, and Popen is the probability

function of the channel being in the open state.

dPopen
dt

=
Pclosedkopen

1 +
(

Km,RyR

[Ca2+]subSR

)4 − kclosePopen (3.3)

kopen is the rate constant for RyR opening, kclose is the rate constant for RyR closing, and

Km,RyR is the half-saturation for RyR. Pclosed is defined as

Pclosed = 1− Popen (3.4)
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Ca2+ uptake into the SR is represented by a Hill-type equation

JSERCA =
Vmax

(
[Ca2+]subSR

Kmf

)H
− Vmax

(
[Ca2+]SRuptake

Kmr

)H
1 +

(
[Ca2+]subSR

Kmf

)H
+
(
[Ca2+]SRuptake

Kmr

)H (3.5)

where Vmax is interpreted as the SERCA scaling factor,H is the Hill coefficient, [Ca2+]SRuptake

is the [Ca2+] sequestered into the SR, Kmf is the SERCA forward half-saturation con-

stant, and Kmr is the SERCA reverse half-saturation constant.

Ca2+ efflux to the extracellular space by NCX is described as

INCX =
kNCX [Na+]3i [Ca

2+]oeγV − e(γ−V )V

1 + dNCX
(
[Na+]3o[Ca

2+]subSL + [Na+]3i [Ca
2+]o

) (3.6)

where kNCX is the NCX scaling factor, dNCX is the denominator scaling factor, γ is the

energy barrier parameter, V is the total voltage, [Na+]i is the cytosolic [Na+], [Na+]o is

the extracellular [Na+], and [Ca2+]o is the extracelluar [Ca2+]. For the full list of model

equations, see [19].

Our experimental setup required changes to the model proposed in [19]. At the time

of Ca2+fluorescence measurements, our cultured NRVMs were larger, 14 µm vs 10µm

and our culture media had higher [Ca2+], 1.9 mM vs 1.7 mM. The appropriate changes

were made in the initial conditions to calibrate the model to obtain a control model for

our experimental NRVM (Figure 3, Table 3). Using the observed Ca2+ transient from our

control NRVM population, we performed minimal RyR, NCX, and SERCA parameters

fitting to establish a model that predicted the expected Ca2+ response (Figure 3).

3.5 Results

3.5.1 Downregulation by siRNA

RyR downregulation by siRNA showed a decrease in RyR protein expression by 73%

(±9% SEM), an increase in NCX protein expression of 51% (±6% SEM), and a decrease

of SERCA expression by 31% (±12% SEM) (Figure 1A, Table 1). The associated Ca2+
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FIGURE 3.1: Western blots for RyR knockdown (A) and NCX
knockdown (B) efficacy. NRVMs with RyR knockdown experi-
enced increased NCX and decreased SERCA protein expression.
NRVMs with NCX knockdown demonstrated increased SERCA
expression and statistically insignificant change (P≥0.05) of RyR
protein expression.

transients showed decreased amplitude, increased time-to-peak (Tpeak) and increased

time to 50% transient decay (T50) with respect to the control (Figure 2A).

Inhibition of NCX by siRNA showed a decrease of NCX protein expression by 75%

(±16% SEM), no statistically significant change in RyR expression, and an increase in

SERCA expression by 104%(±2% SEM) (Figure 1B). The associated Ca2+ transients showed

increased amplitude, and no change to Tpeak and T50 with respect to the control (Figure

2B, Table 1). Similar trends in increased or decreased transcripts of the target protein

were observed by qRT-PCR analysis. Transcripts for RyR downregulation experiments

decreased RyR by 65%, increased NCX by 75%, and decreased SERCA by 37%. Tran-

scripts for NCX downregulation experiments decreased NCX by 79%, decreased RyR

by 3%, and increased SERCA by 56% (Supplementary table 1). There will be some dis-

crepancies in western blot and PCR measurements as there is not a 1:1 relationship in

transcript availability and protein expression.
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TABLE 3.1: Western blot expression levels

Knockdown Condition RyR Expression NCX Expression SERCA Expression
Control 1 1 1
RyR Knockdown 0.27±0.09∗∗ 1.51±0.06∗∗∗ 0.69±.012∗

NCX Knockdown 1.25±0.16 0.19±0.04∗∗∗ 2.04±0.02∗∗∗

Western blot expression levels for each of the knockdown condi-
tions. Shifts in expression levels are reported with respect to the
control group. ∗P<0.05, ∗∗P<0.01, ∗∗∗P<0.001.

FIGURE 3.2: Average Ca2+ transients for RyR knockdown (A) and
NCX knockdown (B) experimental group with respect to the re-
spective control.

TABLE 3.2: Ca2+ Transient Functional Parameters

Experimental Condition Amplitude (µM) Tpeak(s) T50(s) T90(s)
Control 0.46±0.03 0.25±0.02 0.75 ±0.02 1.55±0.09
RyR Knockdown 0.33±0.05∗∗ 0.40±0.01∗∗ 1.07±0.04∗∗∗ 2.25±0.11∗∗

NCX Knockdown 0.59±0.04∗∗ 0.25±0.01 0.78±0.02 2.10±0.03∗∗

Functional parameters of note include Ca2+ transient amplitude,
time-to-peak (Tpeak), time-to-50% transient decay (T50), and time-
to-90% decay (T90). ∗P<0.05, ∗∗P<0.01, ∗∗∗P<0.001.
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FIGURE 3.3: Fitting results for establishing a computational NRVM
model for the control experiment. RyR knockdown and NCX
knockdown transients were fitted to results of the control model
fitting (n = 32).

TABLE 3.3: Parameter fitting results

Parameter Units Control RyR KD Fold NCX KD Fold
kNCX pA/(pF(µM)4) 5.08×10−16 7.37×10−16 1.45× 1.52×10−16 0.3×
dNCX (µM)4 1×10−16 ∗ 5.5×10−16 5.5× 2×10−17 0.2×
kRyR ms−1 0.14 .041 0.3× 0.14 1×
Km,RyR µM 0.16∗ 0.12 0.3× 0.2 1.25×
Vmax µM/ms 0.32 0.26 0.8× 0.66 2.06×

Fitting results for the parameters of interest for. Fitted values are
reported for the control. RyR and NCX knockdown experiment
fitting results are reported. Additionally, fold factors are provided.
∗ Values are unchanged from [19]

3.5.2 Comparison to Computational Model

We provide the best-fit results from parameter estimates that minimize the weighted

sum of squared errors

min SSE =
N∑
i=1

wi (xi − x̄)2 (3.7)
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FIGURE 3.4: Fitting results using kRyR as the only parameter (A)
did not predict the observed transient. Including additional scal-
ing parameters kNCX and vmax (B) also failed to predict the experi-
mental transient. Only when Km,RyR and dNCX (C) were included
with the previous parameter fits did we obtain a representative
RyR knockdown Ca2+ transient (n = 21).

FIGURE 3.5: Fitting results using kNCX as the only parameter (A)
did not predict the observed transient. Including additional scaling
parameters kRyR and vmax (B) also failed to predict the experimen-
tal transient. Only when dNCX andKm,RyR (C) were included with
the previous parameter fits did we obtain a representative NCX
knockdown Ca2+ transient (n = 27).

where the weight coefficient is

wi =
1

σ2i
(3.8)

thereby providing experimental data points with less variance, σ2, greater weight. We

perform an initial three-parameter fitting,kNCX , kRyR, and Vmax, to obtain the right scal-

ing parameters for our control experiments. Parameters used for fitting the data to the
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model are kept at a minimum to keep the degrees of freedom as small as possible to

avoid over-fitting. These parameters are assumed to represent protein expression levels

for our control cells (Figure 3, Table 3). Only when necessary are additional parameters

used, and only parameters related to the proteins in question are included.

In order to understand how Ca2+ transients respond to the down regulation of key

regulatory proteins, we fit the predicted Ca2+ transients to the experimental data. For

RyR knockdown, we start with only kRyR as the fitting parameter, restricted within a

range based on the western blot analysis for RyR expression. This limits the parame-

ter search to only within the fractional change corresponding to the western blot data.

The model fails to accurately predict experimental data (Figure 4A). Adding the scal-

ing parameters kNCX for NCX and Vmax for SERCA also fail to accurately represent the

observed measurements (Figure 4B). Only with the inclusion of the additional parame-

ters Km,RyR for RyR and dNCX for NCX do we have a model that is able to predict the

experimental Ca2+ transient for NRVMs with downregulated RyR (Figure 4C , Table 3).

Similarly, we fit the NCX knockdown experimental Ca2+ transients using only the

NCX kNCX parameter. Again, we see that a single parameter fit does not predict the

expected Ca2+ response (Figure 5A). Fitting with the inclusion of the additional scaling

parameters kRyR and Vmax does not accurately predict the NCX knockdown Ca2+ tran-

sient (Figure 5B). Only by including the additional activity parameters Km,RyR for RyR

and dNCX for NCX we obtain an accurate prediction of the experimental NCX knock-

down Ca2+ transient (Figure 5C, Table 3).

3.6 Discussion

We present an effort to couple protein expression from NRVMs, their respective [Ca2+]

transients, and computational modeling to predict changes in cytosolic Ca2+ fluxes in

the isolated cultured NRVMs when either RyR or NCX are downregulated by siRNA.

While direct comparisons to adult ventricular myocytes is not appropriate, we can com-

pare specific mechanisms in the ECC and CICR process and interpret computational

model predictions to generate mechanistic implications. Animal and human studies
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have shown that protein expression levels of RyR, NCX, and SERCA are altered in dis-

eased states [56, 57] while other experiments with NCX1 knockout mouse models ob-

serve no compensatory changes in efflux mechanisms [28]. Furthermore, murine KO

models did not show any changes in expression of RyR, SERCA, or Ca2+ transients [58,

59]. Our experiments show that healthy NRVMs subjected to downregulation of RyR or

NCX demonstrate similar trends in protein expression and Ca2+ response as observed

in CVD [60]. While insightful, relative expression of Ca2+ handling proteins in CVD

gives us a snapshot of the current state of the protein levels without mechanistic under-

standing as to how they reached those levels. Here, we try to provide some answers

as to how selective downregulation affects other complimentary proteins and overall

regulatory mechanisms of cytoslic [Ca2+].

RyR Downregulation NRVMs with downregulated RyR have decreased Ca2+ am-

plitude, increased Tpeak, and increase T50, suggesting that less Ca2+ is being released

due to fewer RyR channels and less SR Ca2+ store sequestration. Reduction of SERCA

expression appears to be a response of SR Ca2+ content [21, 61, 62]. Studies have shown

lower Ca2+ transients and SR store depletion are characteristics of heart failure (HF)

arising from depressed SERCA expression and increased NCX expression [16, 63, 64]

Increased NCX expression has been reported as compensatory mechanisms to remove

cytosolic Ca2+ in the presence of reduced SERCA [57, 65, 66]. These differential levels

of NCX and SERCA expression in response to siRNA induced RyR knockdown match

our experimental observations (Figure 1).

However, the computational model suggests that accounting for RyR, NCX, and

SERCA expression levels alone does not recreate the experimental Ca2+ transient. Ad-

ditional fit parameters for RyR such as km,RyR for RyR and dNCX for NCX associated

with protein activity are required to accurately predict the experimental observations.

The changes in these additional parameters could be explained by posttranslational

modifications of RyR and NCX. km,RyR is decreased in the RyR model. A decrease in

km,RyR implies an increase in RyR activity, possibly from changes in phosphorylation

status [67]. This increase in RyR activity could be a response to compensate lower RyR
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expression. Hyperphosphorylation has been observed in heart failure manifesting as

decreased SR Ca2+, decreased Ca2+ transient amplitude, and increased diastolic [Ca2+]

possibly from leaky RyRs [16].

The NCX parameter dNCX is larger in the RyR knockdown model than in the control.

An increase in dNCX corresponds to an increase in NCX activity, which along with an

increase in the NCX expression would modulate the cytosolic Ca2+ by dampening the

transient amplitude [68].

NCX Downregulation NRVMs with downregulated NCX have increased Ca2+

amplitudes while maintaining Tpeak and T50. Increases in Ca2+ SR storage have been

reported when NCX efflux is decreased. SERCA upregulation compensates for the lack

of cytosolic Ca2+ extrusion by NCX. The increase in SR Ca2+ results in increased sys-

tolic Ca transients [69]. The upregulation of SERCA in response to NCX knockdown is

observed in our experiments (Figure 1). However, once again accounting for only the

protein expression levels does not adequately predict the Ca2+ transient (Figure 5A and

5B). However, when we include the additional NCX and RyR parameters, we do have

an accurate prediction of the expected Ca2+ response.

As mentioned above, NCX’s dNCX parameter serves to modulate the Ca2+ tran-

sient. Decreased NCX expression does not account for the increase in Ca2+ amplitude.

NCX needs to be less active, decreasing Ca2+ efflux. This can be explained by the de-

crease in dNCX . Similarly, RyR has to compensate for an increase in SR content. We

see an increase km,RyR with RyR being less sensitive to Ca2+, possibly to compensate

for increase cytosolic [Ca2+]. Decrease in RyR activity may be attributed to decreased

phosphorylation due to increased luminal Ca2+. Luminal SR [Ca2+] is known to have a

close interrelation between SR function and SR [Ca2+] which affects Ca2+ binding, Ca2+

release channels, and Ca2+ pumps [70].
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3.7 Conclusion

Ca2+ handling is a function of developmental stage and disease state [10, 30, 50, 51,

71]. Expression levels of NCX and SERCA in rat cardiocytes alter significantly with de-

velopment. Post-natal rats express high NCX and low SERCA levels while adult rats

have low NCX and high SERCA levels [72]. As expected, differences is cytosolic Ca2+

transient decline due to NCX and SERCA are observed in adult vs. neonate rats. In

adult rats, Ca2+ removal by NCX accounts for 7% while SERCA removes 92%. Con-

trasted with neonates, NCX removes 46% and SERCA removes 50% [73]. Similarly,

murine models demonstrate drastically significant integrated Ca2+ flux handling with

adult cardiocytes removing 91% of calcium to the SR and 3% removed by NCX while

neonates remove 70% to the SR and 24% extruded by NCX [74]. With calcium flux

varying between developmental stages, we consider comparisons between NCX1 KO

models in adult myocytes and downregulation in NRVMs. Does an 80-90% NCX1 KO,

responsible for 3% of calcium removal impact calcium flux in a manner observed by 70-

80% NCX downregulation in NRVMs? Answering these questions would expand our

understanding of cardiac disease as a congenital or acquired condition with respect to

developmental stage.

The experimental and computational results presented here show that protein ex-

pressions of key Ca2+ regulatory channels are interdependent. Additionally, the activ-

ity of these channels is co-regulated to compensate for changes in the Ca2+ transient

and the cytosolic Ca2+ concentration. Our understanding of how Ca2+ cycling proteins

respond to induced downregulation can help us create a response pathway in posttrans-

lational mechanisms to generate and test new hypothesis. With Ca2+ involvement in so

many signaling processes, experiments identifying which pathways are activated when

RyR or NCX are downregulated are needed. This work is limited by the number of pro-

teins measured and use of cell-wide calcium measurement. Measuring if any change in

LTCC Ca2+ flux and SR content would further help validate claims that the observed

changes in Ca2+ transient amplitude are due to increased or decreased SR Ca2+ storage.

Proteomic and genomic studies could be used quantify how accessory proteins adapt
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to induced protein inhibition and identify which pathways are actively responsible for

changes in protein expression.
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Chapter 4

Actin-Myosin Force Generation in

Epithelial Cells

In muscle cells, Ca2+ is a primary regulator of force generation and contractility as de-

scribed in the previous chapters. For epithelial cells on the other hand, Ca2+ concen-

tration in the cytosol is not directly controlled by pacemaker cells or neurons. Instead,

actin-myosin activity is controlled via a variety of mechanical and chemical signals. Ep-

ithelial cells migrate–using actin-myosin contractility–as a response to environmental

stimuli. Stimuli can be mechanical, as with substrate stiffness sensing, or chemical, as a

response to a endocrine or paracrine signaling. Both endocrine and paracrine signaling

involve hormones or other soluble cues. The main difference between these types of

signals is distance over which they are transmitted. Endocrine signaling uses the cir-

culatory system to deliver cues, while paracrine signals are transmitted to nearby cells

[75]. Other types of cellular signaling exist. For the scope of our research, we focus only

on the chemical and mechanical signaling effects on actin-myosin force generation.

Cells are able to send and receive signals intercellularly, to or from neighboring cells,

or over great distances [13]. The specific response to environmental cues set off a series

of a reactions that result in actin-myosin force modulation. Different pathways can affect

actin-myosin contractility. Depending on the signal’s appropriate response, force could
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increase or decrease [76]. We limit our focus to direct physical and chemical regulation

of actin-myosin activity and ignore the signals upstream of this regulation. In this way,

we can provide a general understanding of force regulation that can be customized to

fit specific cell types or pathways.

4.1 Migration

Cellular migration is the result of endogenous forces transmitted from the actin-myosin

machinery to the substrate. Sarcomeres in epithelial cells are notably less organized than

cardiac or skeletal muscle sarcomeres [4]. Furthermore, the myosin in epithelial cells is

different than cardiac or skeletal muscle myosin. Non-muscle myosin is a myosin II,

similar to cardiac and skeletal myosin. Non-muscle myosin II has two isoforms: non-

muscle myosin IIa and non-muscle myosin IIb (NMIIa and NMIIb). NMIIa and NMIIb

are functionally similar, albeit weaker, than muscle myosin [3, 77]. Nonetheless,the

crossbridge cycle of muscle and non-muscle myosin is functionally the same–NMII hy-

drolyzes ATP to displace actin in the powerstroke state.

In vivo, epithelial cells are present in organs, vessels, nerves, and linings. They exist

in a 3-dimensional environments and form complicated binding geometries with their

immediate environment. Studying cellular migration and force generation in 3D en-

vironments is remarkably challenging. Cellular migration is better understood in cells

cultured in 2D environments, i.e., in vitro[78].

Cells are cultured on gel substrates that provides a surface for cells to adhere to at

the cell-substrate interface. Epithelial cells transfer their actin-myosin force by creating

a physical connection between the intracellular actin-myosin contractile machinery and

the immediate extracellular environment. These connections are specialized anchoring

structures that physically connect cells to the substrate. Microscopic imaging shows that

these adhesion structures vary from a 200 nm2 to >4 µm2 [79, 80].

Cultured motile cells have polarity, a phenomenon that exists in vivo but is not easily

observable [78]. In vitro cells use adhesions to attach and spread onto their substrate. A
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FIGURE 4.1: A) Cells cultured in 2D substrates spread and attach
to the substrate by forming adhesion sites (red ovals). The leading
edge is active with actin polymerization. B) Actin polymerizes and
pushes against the cell membrane, causing it to protrude. At the
protrusion site, small adhesions from to anchor the cell at the pro-
trusion site. C) Profile view of a cell show that the cell is domed
with a protruding leading edge.

profile view of a cultured epithelial cell reveals that the cell is domed and has a pro-

trusion. The protrusion, or the leading edge, is the front of the cell. The opposite end

of the cell is the trailing edge. Cells migrate in the direction of the leading edge by

polymerizing actin at the leading edge. Actin pushes against the membrane and locally

extends the leading edge. As the leading edge extends away from the cell, adhesions

form to attach the cell to the substrate. Meanwhile, the trailing edge dissociates from

the substrate as actin-myosin contractility "pulls" the trailing edge towards the leading

edge [81].

4.2 Adhesion types

Motile cells attach to the substrate with adhesions. Adhesions are transmembrane struc-

tures that contain upwards of 200 unique proteins [82–85]. One protein, integrin, is a
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FIGURE 4.2: Cells polymerize actin at the leading edge. The
leading edge protrudes and forms adhesions to anchor the newly
formed protrusion to the substrate. Actin-myosin contractility
"pulls" the cell towards the leading edge. The trailing edge de-
taches from the substrate allowing the cell to contract [78].

main protein in the adhesion plaque [82, 86]. Actin polymerization at the leading edge

extends the cells membrane with integrin-mediated adhesions forming at the leading

edge. Integrin is a transmembrane protein with domains that interact with intracellular

components and domains that interact with extracellular components. On the extracel-

lular side, integrins contain α and β subunits. The subunits bind to substrate ligands

with integrin binding specificity. On the intracellular side, integrin binds to numerous

scaffolding and signaling proteins [82–85].

Integrin adhesions assemble in a hierarchical process.

1. Integrins activate by pre-complexing with talin, a scaffolding and mechanosensi-

tive protein [87–89]

2. Integrins bind to the substrate

3. Vinculin binds to talin
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FIGURE 4.3: A) Integrins at the leading edge form adhesions. Ad-
hesion sites are activated by pre-complexing with talin B) After ac-
tivation, integrin attaches to the substrate C) Followed by the at-
tachment of vinculin and actin-myosin

4. Actin-myosin filaments bind to talin via vinculin [90]

5. Other signaling and scaffolding proteins bind

The adhesion terminology depends on the proteins present in the adhesion. Early

adhesions with integrin and talin are called nascent adhesions or early focal complexes

[91–93]. These are not attached to any actin-myosin machinery and do not transfer actin-

myosin stress. The adhesion matures to become a late focal complex with the addition

of vinculin. Sarcomeric actin-myosin attaches to vinculin bound to talin [85, 92, 94–96].

At this point, the focal complex matures to a early focal adhesion. Early focal adhesions

have the necessary components to transfer actin-myosin force by creating a physical

sarcomere-talin-integrin-substrate pathway that transmits force. Early focal adhesion

recruit more scaffolding and signaling proteins to form a mature focal adhesion. Of the

numerous proteins identified in the adhesome we focus on integrin, talin, actin, and

myosin.



Chapter 4. Actin-Myosin Force Generation in Epithelial Cells 38

4.3 Substrate Stiffness

Migrating cells need a physical connection with their substrate. The force that an indi-

vidual integrin experiences is modulated by responses to the cell’s environment. Sub-

strate stiffness is a factor in actin-myosin force generation. Cells cultured on stiff sub-

strates generate greater forces than cells of the same type that cultured on soft substrates

[97, 98]. On stiff substrates cells spread more, develop focal adhesion clusters, and po-

larize more rapidly than cells cultured on soft substrates [99]. Substrate stiffness affects

stem-cell differentiation and scar tissue formation [100–103]. Tissue stiffness range from

soft (lung tissue) to hard (bone). Table 4.1 has some representative tissue stiffness val-

ues.

TABLE 4.1: Tissue stiffness values

Tissue Stiffness Source
Lung 0.84-1.96 kPa [104–106]
Brain 1-3 kPa [107–109]
Pancreas 1.1-2.9 kPa [110–112]
Adipose 1.6-5.5 kPa [113, 114]
Kidney 4-8 kPa [115]
Cardiac muscle 5-50 kPa [116, 117]
Skeletal muscle 5-170 kPa [118–121]
Spleen 15-20 kPa [122–124]
Bladder 20-100 kPa [125]
Skin 60-850 kPa [126–128]
Bone 1.28-20.7 GPa [129, 130]

Stiffness values vary depending on the tissue.

Not only do cells generate greater forces on stiff substrates, they also become more

migratory and even seek out stiffer substrates. Durotactic cells migrate with the stiff-

ness gradient. Experiments have shown that cells cultured on substrates with varying

stiffness values migrate towards the stiffer substrates in a process called durotaxis [131].

Mechanical cues, like substrate stiffness, are significant contributors to force production

and motility and are a necessary component when studying cellular forces.
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5.1 Chemical Signaling

Motile cells modulate their force as a response to not only mechanical cues, but to other

cues as well, such as soluble cues [132]. For example, in MCF10A (non-tumorigenic),

MDA-MB-231 (human breast cancer), and MDA-MB-231HM (highly metastatic variant)

cell lines, activation of β-adrenergic receptor (βAR) signaling by soluble cues resulted

in increased cellular traction force and increased invasiveness [132, 133]. The increase

in migration and force generation is attributed to increased actin-myosin contractility.

Chemical signals that increase actin-myosin contractility do so by regulating myosin’s

availability to work by adding (activating) or removing (deactivating) a phosphate group

to myosin light chain 2 (MLC2) located on myosin’s neck domain. βAR signaling in-

creases MLC2 phophorylation (ppMLC2). Adding a phosphorylation to MLC2 (ppMLC2)

changes the conformational shape of myosin. Unphosphorylated myosin is "tangled"

with itself. The heavy chains are not available to interact with other myosin tails. Phos-

phorylated myosin has tails that are free to interact with other myosin tails. Note that

phosphorylation of MLC2 does not increase the total number of myosin. Instead, it

changes then the number of myosin that are available to work out of the entire myosin

population. This means that it shifts the ratios of available motors to total motors. This

mechanism of regulating myosin activity is different than cardiac contractility regula-

tion by calcium signaling. To better understand the effects of ppMLC2 on cellular force,

we use experimental results of βAR activation by isoproterenol (Iso), a non-selective

βAR agonist. We use computational modeling to gain mechanistic insights into how

chemical signaling by βAR activation, but not restricted to βAR, affects the mechanisms

of actin-myosin force generation.

5.2 Computational Model

We modify the 4-state crossbridge cycle to include MLC2 phosphorylation and ppMLC2

dephosphorylation. Each state in the crossbridge cycle has a transition rate from the cur-

rent state, i, to the next state, j and follows the notation kij . The forward transition rates
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FIGURE 5.1: Dephosphoryalated myosin cannot interact with other
myosin to form thick filaments. In thick filaments, myosin dephos-
phorylation prevents myosin from interacting with actin.

are k12, k23, k34, k41, k215, where k215 represents the dephosphorylation of ppMLC2. This

introduces a new state, state 15 that represents dephosphorylated NMII. ATP hydrolysis

is reversible and is represented by the reverse transition rate k32. MLC2 dephosphoryla-

tion is also reversible and is represented by the reverse transition rate k152 (Figure 5.2).

We simulated the effect of ppMLC2 on actin-myosin generated forces with a stochastic

model of the crossbridge cycle (Figure 5.3).

Transition rates for k215 and k152 are derived from western blot ppMLC2:MLC2 ra-

tios.

k152
k215

=
ppMLC2

MLC2
(5.1)

Transition rates for myosin bound to actin are modified by strain the motor stalks due

to the forces acting on the stalk from other attached myosin [134]. The effect of strain on

the transition rates are modeled as
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FIGURE 5.2: Modified crossbridge cycle with 5 states. The clas-
sic crossbridge model (states 1-4) with transition rates k12, k23, k34,
k41, and k215. The model includes state 15 to represent unphos-
phorylated MLC2. Motors enter state 15 from the detached state 2.
Phosphorylation and ATP hydrolysis are reversible reactions. Our
model includes reversible rates k32 and k152.

ks12 = k12 exp

(
1
2kmε

2

kBT

)
(5.2)

and

ks34 = k34 exp

(
kmεδ

kBT

)
(5.3)

where km is the stiffness in the motor stalk, ε is the strain in the stalk, kB is the Boltz-

mann constant, T is the absolute temperature, and δ is the characteristic bond length

of the actin-myosin bond. The state change of each motor is updated independently.

We calculate the probability that a motor will change states from the current state to the

next state by

Pij (t < ∆t) = 1− exp (kij∆t) (5.4)
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FIGURE 5.3: 5-state rate diagram for the myosin crossbridge cycle.
Myosin in states with only forward rates can transition to the next
state or stay at the current state. Myosin in states with forward and
reverse rates can transition to the next state, the previous state, or
stay at the current state.

for rates not modified by strain and

Pij (t < ∆t) = 1− exp (ksij∆t) (5.5)

for states modified by strain. The forces generated by myosin on actin are

Fact(t) = (kmy (N1 +N4))−

(
N∑
i

kmεi

)
(5.6)

where N1 and N4 is the number of motors in states 1 and 4, respectively, and y is the

motor step size. the first term represents the force that is actively generated by the

motors in state 4. The second term represents the passive force from the strain in the

motor stalks of all motors. Motors that are not attached do not contribute the the stain

experienced by the current motor.
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The myosin-generated force on actin is transferred to the integrin. The actin-myosin

contraction pulls against the substrate. The displacement, x, is given by the solution of

Fact − kspringx = γ
dx

dt
(5.7)

where kspring is the effective spring constant of the substrate and the integrin protein

and γ is the drag on the actin-myosin filament.

The integrin catch-slip bond dissociation rate kcs is modeled by

kcs = k0catch exp

(
−fε
kBT

)
+ k0slip exp

(
fε

kBT

)
(5.8)

where kcatch represents the catch regime, kslip is the slip regime, and ε is the length scale

for binding/unbinding [135]. The force exerted on the integrin is

Fi(t) = kspringxi(t) (5.9)

Within a certain force range, integrin bond lifetimes increase, however, the bond will

revert to a slip bond if the force exceeds the range. Integrins that break their bond with

the substrate have a probability of reattaching

Pattach = exp(katt(t)) (5.10)

Traction stress at time (t) is calculated as the net force from all the actin-myosin

filaments attached to an integrin

FTF =
∑

FiHi


Hi = 1 if physically linked

Hi = 0 if not physically linked
(5.11)

5.3 Results

To gain mechanistic insight into how stress hormones regulate endogenous force, we

used our computational model to predict cellular traction forces. Focal adhesions were
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FIGURE 5.4: A) Western blots showing increase in phosphorylated
motors increase with [Iso]. B) Models predictions of average num-
ber of active motors agrees with western blots [133]

modeled as actin-myosin filaments (∼ 120/µm2) [136–138] tugging on their respective

substrate bound integrins by the action of myosin motors (∼ 32/actin-myosin filament)

[139]. We modeled individual actin-myosin filament interactions and integrin dynamics

using a stochastic Monte Carlo approach [140].

Individual motor activity was a function of its phosphorylation state, ATP binding

and hydrolysis rates, as well as the pushing or pulling force acting on each motor. We

used the experimentally determined ratio of ppMLC2 to total MLC2 as a model input

to capture MLC2 phosphorylation/dephosphorylation rates. We estimated the force in

individual actin stress fibers over time as they bind, tug, and unbind from surface bound

integrins. We also determined the net traction force per unit area generated within focal

adhesions over time. Increasing isoproterenol concentration from 0 to 1000 nM resulted

in a 4-fold increase in the number of active myosin motors (Figure 5.4A). Our model

demonstrates that the number of active motors agrees with western blot data (Figure

5.4B). Experiments with isoproterenol concentrations > 10 nM demonstrated a ∼2-fold

increase in the predicted traction force per unit area (Figure 5.5A). Our model predicted

close quantitative agreement with the experimental traction force data (Figure 5.5B).
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FIGURE 5.5: (A) Experiments with cells treated with isoproterenol
show that the their traction forces increased 2-fold compared to
the untreated control cells. (B) Simulations with increasing isopro-
terenol concentrations show that the traction force increase >1.5-
fold for [Iso]>10 nM [133]

We further tested our model to examine how this mechanism of cellular force gen-

eration compares with the cellular response to matrix stiffness, which is established to

increase cellular traction forces [97, 98]. We used the same model to predict traction

forces with increasing substrate stiffness by increasing the value of effective kspring in

the model. We observed that with increasing substrate stiffness, the model predicts

increased traction force while the number of activated motors remains relatively un-

changed (Figure 5.6A), as opposed to MLC2 phosphorylation, which does increase the

number of active motors (Figure 5.6B). The results obtained from our minimal model

sufficiently capture experimental observations of βAR activation on cellular force gen-

eration, indicating that we are capturing the predominant mechanisms of traction force

generation. Moreover, our observations are consistent with previous models of cellu-

lar traction force generation with increasing substrate stiffness [141]. Taken together,

these data from both computational modeling and experiments substantiate that βAR

activation increases cellular force generation by increasing the number of active motors

per actin-myosin filament and suggest that cells may tune force production through
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FIGURE 5.6: A) Substrate stiffness does not affect the number of
active motors. B) MLC2 phosphorylation increases with [Iso]. Mo-
tors increase ∼4-fold [133].

distinctly separate yet complementary mechanisms for soluble versus mechanical cues.
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FIGURE 6.1: A) The force in our model is generated by myosin.
We use use a stochastic model of the crossbridge cycle. The force
generated by actin-myosin filaments. Force is transmitted to the
integrins attached to the adhesion plaque. B) Integrin dynamics:
1) Deactivated integrin. 2) Integrin activates when talin binds to
integrins intracellular domain. 3) This activates the extracellular
domain and allows it to bind to substrate ligands. 4) Once attached
to the substrate, vinculin and actin-myosin filaments attach to talin.
The force is transmitted to integrin. (5) If the force is too great,
the integrin-substrate bond will break. If the applied force does
not break the integrin-substrate bond it is possible for talin to (6)
recruit additional actin-myosin filaments via vinculin binding, or
(7) branch to a neighboring integrin.

Having established baseline ppMLC2 phosphorylation rates that alter actin-myosin

force generation, we extend our model to test how MLC2 phosphorylation and substrate

stiffness together impact traction force (Figure 6.1). Cellular traction forces that are de-

pendent on actin-myosin activity are necessary for numerous developmental and phys-

iological processes [142]. Traction forces also lead to undesired pathological states such

as cancer metastasis [143–145]. Metastatic cancer cells generate larger traction forces,
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are more motile, and more invasive relative to their non-metastatic counterparts [144].

As traction force emerges as a promising cancer biomarker [146] the need to understand

force generation in response to chemical and mechanical cues needs further investiga-

tion. Here, with the help of computational physics based models we aim to understand

how much force a cell can really generate and what are the factors that limit this force.

We are interested in the effects of 4 key components in traction force generation: num-

ber of active myosin motors, substrate stiffness, cell substrate adhesion dynamics, and

mechanical reinforcement at adhesion complex.

The number of active motors can be controlled by biochemical signals that activate

MLC phosphorylation. Number of active motors has been shown to alter force-velocity

relationship [77, 147–149]. While force generation is myosin dependent, force magni-

tude depends on other factors. Substrate stiffness has been shown to be an important

parameter in cellular force generation. Stiffer substrates increase traction force [94, 100,

149–151]. Substrate stiffness also regulates the degree of cell-substrate adhesion and

the size of the adhesion complex [152, 153]. Cells anchor to the substrate with adhe-

sions ranging from 200 nm2 to >4 µm2 [79, 80]. The size of the adhesion depends on

the makeup of the adhesion plaque. Adhesions are composed of protein plaques that

have transmembrane components that interact with intercellular and extracellular com-

ponents. Adhesion assembly is a hierarchical process [84]. Adhesion proteins are added

as the plaque grows. The adhesome is variable between cell types but is highly complex

and organized [82–84]. Regardless of the cell type, adhesion plaques physically connect

the intracellular force-generating actin-myosin machinery to the cell’s substrate. This

mechanical pathway allows cells to transfer the endogenous force to the substrate as

traction force [154]. Of the proteins in the adhesion complex, integrins transmit endoge-

nous force to the substrate [86, 155–158]. Integrins span the membrane with an internal

component where actin-myosin can attach via talin/vinculin and an external compo-

nent that binds to substrate ligands [159–163]. Integrins are essential in force trans-

mission as integrins have a force-dependent dissociation rate. As force increases, so

does the probability that the integrin-substrate bond will rupture. Actin-myosin forces
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generated by the cell are transmitted as traction forces to the substrate via actin-myosin-

integrin-substrate bonds. We show the maximum force an actin-myosin contractile unit

can generate and sustain without slipping (stall force) increases with actin-myosin ac-

tivity and substrate stiffness. We also show that this max force is rarely achieved in

contracting epithelial cells as the integrin bonds coupling actin-myosin to the substrate

break at lower forces. Bond lifetimes for both slip and catch-slip integrins decrease with

increasing actin-myosin activity and substrate stiffness. For these results, we focus on

integrins attached to a single actin-myosin filament. Next, we probe how talin-mediated

dynamics alter cellular force generation. Force dependent unraveling of talin can add

additional actin-myosin filaments (recruitment) or cause talin to bind additional inte-

grins (branching). Traction stress for catch-slip bonds with and without recruitment

and branching exhibit biphasic or sigmoidal behavior that is dependent on the combi-

nation of myosin activity and substrate stiffness. Adhesion size, defined by the number

of integrins actively contributing to traction stress, decreases with actin-myosin activity

and substrate stiffness, however this is not a limiting factor in traction stress generation.

6.1 Computational Model

To understand how much force a cell can generate, we assume that traction stress, force

per unit area, are generated by actin-myosin filaments attached to integrin receptors

[164–166].We simulate a predefined adhesion plaque with a density of 100 integrins per

1 µm2 [93, 167]. The adhesion plaque is a 10x10 grid representing 100 integrins pre-

complexed with talin and vinculin [96]. Talin is necessary to activate integrin [168–171].

Talin binds to integrins cytosolic domain to activate integrin [172]. Furthermore, talin’s

force dependent unfolding is used to attach more filaments or integrins. There are 100

actin-myosin filaments that are 3 µm [173] long and contains 60 myosin motors [139,

174–176]. Filaments bind to talin via vinculin [177–179]. The forces we are investigating

originate from myosin binding and pulling along the actin filaments. We use a stochas-

tic model of the myosin crossbridge cycle [180–182] modified with non-muscle myosin
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II transition rate parameters [183] to capture ATP hydrolysis, actin-myosin binding, con-

formational changes, and detachment (Figure 6.1A) [134, 184]. The forward transition

rates are k12, k23, k34, and k41 with k23 representing ATP hydrolysis. ATP is a reversible

process and k23 represents the reverse reaction from state 3 to state 2. The crossbridge

model consists of 4 states (state 1 through state 4) with respective transition rates from

the current state, i, to the next state, j. Each motor is independently updated. State tran-

sition rates follow the form kij . Myosin dependent forces are regulated in part by the

number of active myosin. We assume that only myosin with phosphorylated MLC2 can

enter the crossbridge cycle and interact with the actin. Myosin that are not phospho-

rylated or that are dephosphorylated–phosphorylation is reversible–do not participate

in the crossbridge cycle. Inactive myosin transition to state 15 from state 2 [185], modi-

fying the 4-state cycle to a 5-state cycle [140]. Phosphorylation and dephosphorylation

rates, k215 and k152 respectively, representing the transition rates from phosphorylated

to dephosphorylated states. We define the ratio of phosphorylated MLC2 (ppMLC2) to

total non-phosphorylated MLC2 (MLC2) as described in Eq.(5.1),

k152
k215

=
ppMLC2

MLC2

where the phosphorylation ratio is the input parameter that modifies MLC2 phospho-

rylation.

Transition rates where the motor is bound to actin (states 1 and 3) are modified by

strain resulting from the pushing or pulling of the current motor from the other bound

motors in the motor ensemble. We use Eq.(5.2)

ks12 = k12 exp

(
1
2kmε

2

kBT

)

and Eq.(5.3)

ks34 = k34 exp

(
kmεδ

kBT

)
for the strain-dependent rate modifications where km is the stiffness in the current mo-

tor’s stalk, ε is the strain on the motor’s stalk, kB is Boltzmann’s constant, T is the
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absolute temperature, and δ is the characteristic bond length of the myosin bond [77].

Each motor’s state is independently updated. The probability that a motor will tran-

sition from state i to state j within the given time is Eq.(5.4)

Pij(t < ∆t) = 1− exp (kij∆t)

for transition rates that are not modified by strain and Eq.(5.5)

Pij(t < ∆t) = 1− exp (ksij∆t)

for transition rates modified by strain.

Adhesion plaques form in a hierarchical process (Figure 6.1B) [85, 92]. The first

step in forming an adhesion plaque requires integrin activation. Integrin activates by

complexing with talin at a rate kact. Activated integrins attach to the substrate ligand at

a rate katt. Once attached to the substrate, actin-myosin filaments bind to talin. These

dynamics are temporally regulated. Integrin activation, integrin attachment, and actin-

myosin attachment occur at independent time steps. The force generated in a single

actin-myosin ensemble due to myosin activity is calculated by Eq.(5.6)

Fact(t) = (kmy (N1 +N4))−

(
N∑
i

kmεi

)

whereN1 andN4 are the number of motors in the ensemble in states 1 and 4 and y is the

motor step size. The force in the actin-myosin filament is myosin-dependent. The first

term represents the number of motors actively generating force by pulling on actin while

the second term is the contribution of passive force from the strain of all actin-bound

myosin in the ensemble. Motors that are not bound to actin do not contribute to the

passive force. Conversion of endogenous actin-myosin force to traction force requires

a physical pathway. Integrin is the mechanosensor that determines if the endogenous

force is converted to traction force. The force experienced at integrin-substrate bond is

dependent on the displacement from pulling on integrin by the actin-myosin filament.
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We solve for the displacement with Eq.(5.7)

Fact − kspringx = γ
dx

dt

where x is the displacement, kspring is the effective spring constant between substrate

and integrin, and γ is the drag on the actin-myosin filament [186]. Integrin-substrate

bond lifetimes have force-independent association rates and force dependent dissocia-

tion rates. Two integrin dissociation rates are reported: slip bonds and catch-slip bonds

[135, 187]. Slip bond lifetimes continuously decrease with increasing force whereas

catch-slip bonds have a force range that strengthens the bond and increases the bond

lifetime [135, 188]. Catch-slip integrins experience an increase in bond lifetime up to

an optimum applied force before reverting to a slip bond. Slip bond force-dependent

dissociation rates are modeled by

koff (f) = k0 exp

(
f

Fb

)
(6.1)

where k0 is the unloaded off rate, f is the force at the integrin-substrate interface, and Fb

is the characteristic bond rupture force. Integrins with catch-slip dynamics are modeled

by [131]

koff (f) =

[
A exp

(
−fξ
kBT

)
+

(
B exp

(
fξ

kBT

)
+ C exp

(
−fξ
kBT

))−1
]−1

(6.2)

where A, B, and C are constants, ξ is the unbinding length, and f is the load on the

integrin. We use the dissociate rate, koff , to calculate the dissociation probability

Poff = 1− exp(−koff (f)∆t) (6.3)

Simulation for slip and catch-slip bond dynamics require talin-mediated integrin acti-

vation before integrin-substrate binding. The probability of integrin activating is

Pactivate = 1− exp(−kact∆t) (6.4)
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where kact is the integrin activation rate. Activated and attached integrins are avail-

able for actin-myosin filament binding. The probability for an integrin to bind to the

substrate is described in Eq.(5.10)

Pattatch(t < ∆t) = 1− exp(−katt∆t)

where katt it the rate at which activated integrin attach to the substrate. Activated and

substrate-bound integrins are available for actin-myosin binding. The probability that

an actin-myosin filament attaches to integrin is

Psfatt(t < ∆t) = 1− exp(−ksfatt∆t) (6.5)

where ksfatt is the actin-myosin binding rate. We track integrin activation, integrin-

substrate binding, actin-myosin filament attachment, and talin-mediated actin-myosin

filament recruitment (more than one actin-myosin filament per integrin) or talin-integrin

branching (more than one integrin per actin-myosin filament). We use talin-mediated

dynamics to create a more realistic model. A complete physical pathway from actin-

myosin to substrate enables transmission of endogenous forces to the cell’s immedi-

ate surrounding via integrin-substrate attachment. The force on individual integrin-

substrate bonds by the actin-myosin filament activity is calculated by Eq.(5.9)

Fi(t) = kspringxi(t)

where kspring is the spring constant of the substrate and xi is the displacement of the

filament. In the case that the force does not rupture the integrin-substrate bond, the

force is successfully transmitted to the substrate. Non-ruptured bonds allow myosin to

continue to increase the displacement of the filament, increasing the forces experienced

at the integrin-substrate bond. As force increases linearly with displacement there will

be a max force at which the bond will break, ending its attachment period. Individual

integrins experience force generated by actin-myosin. We use the individual forces at
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the integrins to determine the traction stress, or the collective force of all filaments ac-

tively generating and transmitting force. Traction stress is sensitive to bond lifetimes of

individual integrins in the adhesion plaque. Traction stress is determined by Eq.(5.11)

FTF =
∑

FiHi


Hi = 1 if physically linked

Hi = 0 if not physically linked

Similarly, adhesion size, which we define as only those integrins bound to the substrate

actively transmitting actin-myosin force, is

FA(t) =
∑

Hi(t)


Hi = 1 if physically linked

Hi = 0 if not physically linked
(6.6)

For simulations where talin is permitted to recruit filaments or branch to integrins, we

calculate the probability of talin unfolding and allow up to 8 actin filaments to attach to

a single integrin-talin complex or branching to 2 integrins. Talin unfolding probabilities

are

Prec = 1− exp (−krec) (6.7)

and

Pbranch = 1− exp (−kbranch) (6.8)

with krec representing the talin unfolding rate for recruiting filaments and kbranch repre-

senting the talin unfolding rate for branching. We represent the adhesion plaque and the

proteins required to establish a physical link from actin-myosin to substrate with ma-

trices that are n ×m where n is the number of integrins/filaments/attachment status,

etc., and m is time in ms. Each matrix tracks motor state changes, integrin activation,

integrin attachment, filament displacement, force, recruitment, and branching. For talin

recruiting filaments, the displacement of the filaments is calculated by
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R∑
i=1

Fact − kspringx = γ
dt

dx
(6.9)

where R is the number of recruited stress fibers. The force on the integrin is calculated

using Eq.5.9. Similarly the displacement of branched filaments attached to multiple

integrins is calculated by

Fact − bkspringx = γ
dx

dt
(6.10)

where b is the number of branches. The force on the integrins is calculated using Eq.5.9.

Single filament average bond lifetimes are calculated by determining the time intact

mechanical pathways are bound to the substrate

τ̄ =
1

n

n∑
1

Lt (6.11)

where n is the number of binding events and Lt is the duration in ms of the binding

event.

The stall force for the actin-myosin fibers is calculated by fitting the force generated

over time with

f = fstall (1− exp (−αt)) (6.12)

The stall force reported is the average stall force over 100 actin-myosin filaments.

When integrins bonds break in a force dependent manner, we obtain the maximum

force generated by the actin-myosin filament during any attachment event. We report

the average of the maximum force as

Fmaxavg =
1

n

n∑
i=1

FAM (j) (6.13)

where FAM is the vector n elements long that contains the maximum force generated in

all binding events of filament j. Similarly, the average non-zero force generated is
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Fnonzero =
1

N

∑
FNZ (6.14)

where N is the number of filaments and Fnz is the non-zero average of the filament. We

report the maximum traction force per µm2 by fitting

FTF = FTFmax

(
1− e−βt

)
(6.15)

6.2 Results

We explore how force develops in single filaments by varying integrin bond type, num-

ber of active motors, substrate stiffness, and talin-mediated actin-myosin filament re-

cruiting or talin branching. Furthermore, we show how these factors influence traction

stress.

6.2.1 Stall Force

Stall force corresponds to the maximum force a single actin-myosin filament can gener-

ate in the absence of integrin-substrate detachment. Increasing ppMLC2 and substrate

stiffness increases stall force (Figure 6.2A). An obvious factor that controls the stall force

of an actin-myosin filament has to be the number of active motors generating forces.

We test this by changing the number of active motors in the crossbridge cycle by in-

creasing the ratio of MLC phosphorylation to dephosphorylation rates. Stall force are

dependent on the number of motor proteins actively generating force per actin-myosin

filament. Stall force increases linearly with the number of motors in force-generating

states (Figure 6.3) [174]. A less obvious factor that controls the stall force of an actin-

myosin filament is the stiffness of the substrate against which the actin-myosin filament

is pulling. We observe that in the absence of unbinding/breaking of the actin-integrin-

substrate connection, the stall force generated in a single actin-myosin filament strongly

depends on the stiffness of the substrate it is pulling against. This is an interesting result,

not previously considered in most cell traction force generation and migration models.
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FIGURE 6.2: A) Stall force increases with ppMLC2 and substrate
stiffness in integrins with ideal bond. B) The number of motors ac-
tively generating force increases with ppMLC2 and substrate stiff-
ness, albeit via distinct mechanisms. Phosphorylation increases
the number of motors available to work. Stiffness increases force
which increases myosin’s duty ratio. Our simulations show that
approximately one quarter or less of available motors are required
to generate large stall forces.

This dependence of the stall force on substrate stiffness arises because pulling against

a stiffer substrate synchronizes myosin cross-bridge cycling and recruits more myosin

into the actin bound, force generating states (Figure 6.2B). The results show that the
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forces transmitted by individual actin-myosin filaments (and consequently the traction

stress) is not limited by the stall forces of the filaments, as these stall forces are far greater

than observed forces transmitted across individual actin-integrin-substrate bonds.

FIGURE 6.3: Stall force increases linearly with number of motors in
force-generating states

6.2.2 Forces transmitted across the adhesion complex in the presence of force

dependent integrin-substrate bond lifetime

Stall force shows us how much force is possible in the absence of integrin-substrate

unbinding. Clearly, one would expect that a higher stall force for an actin-myosin fil-

ament would result in a higher overall traction force generated by the cell. Integrins,

however, do break their attachment with the substrate in a force-dependent fashion. If

we allow integrin bond to break, then the stall force in an actin-myosin filament does

not limit the forces transmitted across the cell-substrate bond. Instead, bond lifetime

emerges as a critical limiting factor. The bond lifetime can limit the force being trans-

mitted from the cell to the substrate in two ways – 1) by restricting the how high forces

in individual actin-integrin-substrate adhesions can ramp up to before the individual

integrin-substrate bond breaks, and 2) by affecting how many actin-integrin-substrate
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FIGURE 6.4: Maximum force transmitted is bond type dependent.
Both slip bonds and catch-slip bond integrins transmit increasing
forces with increased ppMLC2 and substrate stiffness with slip
bonds (A) transmitting lower forces that (B) catch-slip bonds. Both
slip (B) and catch-slip (D) integrins experience decreased bond life-
times with increased ppMLC2 and substrate stiffness

adhesions are actively transmitting cellular forces to the substrate at any given instance.

We test the contributions of both these mechanisms under slip as well as catch-slip

integrin-substrate bind detachment kinetics. We observe that the maximum force in-

creases with ppMLC2 and substrate stiffness in both bond types (Figure 6.4A,C). Both

bond types have monotonically increasing maximum forces with catch-slip bonds gen-

erating larger forces than slip bonds. The maximum force captures the force at which

the integrin-substrate bond ruptures. Slip bonds generate forces >30 pN while catch-

slip bonds generate forces >50 pN which agrees with experimental observations [189,

190]. As expected, the increase in force decreases the bond lifetime in both bond types

(Figure 6.4B,D). At low forces, slip bond lifetimes outlast catch-slip lifetimes. As force

builds, bond lifetimes for each bond type settle to similar values under similar exper-

imental conditions. This is due to the slip regime driving the bond lifetimes at high
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forces.

6.2.3 Total traction stress transmitted by the cell with and without mechanosen-

sitive actin-myosin fiber recruitment and branching

FIGURE 6.5: A,C) Traction stress without and with talin-mediated
adhesion reinforcement demonstrate similar profiles. Both condi-
tions show sigmoidal curves at low ppMLC2 and low substrates
but biphasic trends at high ppMLC2 and high substrate stiffness.
B,D) Adhesion sizes for both conditions decrease with increased
ppMLC2 and substrate stiffness.

Traction force is the sum of the forces by all focal adhesions in a cell [191]. We report

traction stress, the force generated over a unit area 1µm2. Only those actin-myosin fila-

ments with an intact mechanical pathway contribute to traction stress. We test whether

talin-mediated recruitment of actin-myosin fibers and integrin branching have any ef-

fect on traction stress. Simulations show that traction stress and adhesion size for in-

tegrins with and without talin-mediated dynamics are relatively unchanged (Figure

6.5A,C). Furthermore, adhesion size for both conditions is remarkably similar (Figure

6.5B,D). Figure 6.6 shows time series of adhesions under different stiffness and ppMLC2



Chapter 6. Modeling the Effects of Chemomechanical Signaling on Actin-Myosin

Force Generation
63

FIGURE 6.6: Samples of adhesion growth over time under varying
conditions.

values. Both conditions show traction stress is nonlinear with trends are ppMLC and

substrate dependent. Low ppMLC traction stresses demonstrate a sigmoidal trend

while high ppMLC traction stresses are biphasic. Talin contains 4 domains that un-

fold with applied force as low as 2 pN [159, 160]. 3 of these domains (I, II, and IV) have

vinculin binding sites and one domain (III) has an integrin binding site. Regions II-IV

have force-dependent unfolding rates < 2.5 × 10−5s−1 [159]. These unfolding rates are

too restrictive and are unlikely to happen during our 100 s simulation. Region I has an

unfolding rate fast enough (0.018 s−1 [159]) for talin-mediated actin-myosin recruitment

to occur within our simulation time.

6.3 Discussion

The maximum force a single actin-myosin unit can generate is context-dependent and

can be modulated by either one or more of the following conditions: integrin bond
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FIGURE 6.7: Average bond lifetimes for slip and catch-slip bonds
are similar. We see that the lifetime distributions for slip bond
have longer tails than catch-slip bonds at low ppMLC2 and low
substrate stiffness. However, at high ppMLC2 and high substrate
stiffness catch-slip bonds lifetime distributions have longer tails.
The tails shift the average bond lifetimes. While the bond lifetimes
averages may be similar, the positive skewness contributes to in-
creased bond lifetimes.

type, ppMLC, and substrate stiffness. Traction stress, the contribution of all force gen-

erating filaments in an adhesion complex, and force per filament have drastically differ-

ent profiles even though traction stress is entirely dependent on single filament forces.

Forces generated by actin-myosin filaments are modulated by two independent mech-

anisms: the number of motors and substrate stiffness. For example, simulations with

integrin bonds that do not break show that if we hold ppMLC2 ratios constant, trac-

tion force increases with substrate stiffness. Likewise, if we keep substrate stiffness

constant, stall force increases with ppMLC2. Furthermore, force generation has a pos-

itive effect on myosin as myosin is mechanosensitive [192]. Myosin duty ratio shifts

in a force-dependent manner [77]. The duty ratio increases with load which increases
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the number of attached motors as substrate stiffness increases in a ppMLC indepen-

dent mechanism. The increase in motors is not a response to stiffer substrates but a

response to increased force. Stall force then is a response to both the number ppMLC2

activated motors and substrate stiffness. Our simulations with catch-slip bonds with

and without talin-mediated actin-filament recruitment or integrin branching agree with

experimental results showing that single integrin bonds withstand forces ranging from

<2 pN to >54 pN [190], while disagreeing with other experiments that show single

integrin bonds break between 10-30 pN [193, 194]. Although catch-slip bonds can with-

stand forces greater than the 10-30 pN range reported, slip bonds cannot. Slip bonds

rupture at forces<30 pN (Figure 6.4A). These results do not support assumptions made

in models with fixed rupture forces [151]. As forces increase, bond lifetimes decrease.

Interestingly, bond lifetimes for slip bond and catch-slip bonds settle at similar bond

lifetimes while having different maximum force profiles. This is likely due to distribu-

tion of the bond lifetimes. At low ppMLC2 and low substrate stiffness bond lifetimes for

slip bonds skew farther right while at high ppMLC2 and substrate stiffness catch-slip

distributions skew farther right (Figure 6.7). It is this extended positive skewness that

increases the maximum force for catch-slip bonds at high ppMLC2 and high substrate

stiffness. Bond lifetimes impact adhesion size. Increasing the force in individual actin-

myosin filaments decreases the adhesion lifetime and consequently adhesion size. Our

definition of an adhesion, only those integrins actively contributing to traction force,

is likely too narrow as it disregards scaffolding proteins that contribute to the com-

position of the adhesion. Nonetheless, our simulations show similar number of force

transmitting integrins bound to substrate ligands agree with experiments showing that

adhesions measuring up to 2 µm2 have 52 ± 42 integrin-bound ligands per adhesion

[91].

However, adhesion size is a poor predictor for traction stress, contrary to reports

that use adhesions to predict traction force [80] there is a large range of traction stress at

adhesions containing 50 bound integrins (Figure 6.8A). We show that traction stress is

biphasic with adhesion size. There is an optimal adhesion size that maximizes traction
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FIGURE 6.8: A) Traction stress is biphasic with adhesion size. There
is an initial increase in traction stress with adhesion growth, fol-
lowed by a decrease in traction stress with adhesion growth. B)
Traction force increases almost linearly with impulse.

force. Passing this optimal size, traction force decreases. These results could explain

how highly motile cells exhibit inverse correlation between adhesion size, migration

speed, and increased invasiveness [144, 195]. Increasing forces increase the likelihood

that integrins will rupture their bond with the substrate and decreases the bonds life-

time. Decreasing bond lifetimes affect adhesion size. We can make a generalization

that large adhesion have integrins that experience longer bond lifetimes but transmit
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lower forces than small adhesions whose integrins experience shorter bond lifetimes

but transmit greater forces. In this respect, our results agree with trends that relatively

small adhesions transmit greater forces that large adhesions [196] and that adhesions

< 1µm2 exhibit widely variable traction stress [197, 198]. However, below a certain

adhesion size, there might not be sufficient active attachments transmitting forces and

traction force falls again. Individual integrins experience a range of forces that when

evaluated as an aggregate reveal traction stress. Traction force is not simply the prod-

uct of motor activity, substrate stiffness, bond lifetime, or adhesion size. Experiments

show that traction force increases monotonically with substrate stiffness [199, 200]. This

is certainly true within a specific substrate stiffness range spanning 3 orders of mag-

nitude, after which traction force decreases. The traction stress biphasic behavior we

observe is predicted in other models where those biphasic behaviors are attributed to

actin retrograde flow, which may not be that different from bond breaking [201–203].

We note that the biphasic behavior of traction stress is context dependent. The bipha-

sic behavior is not seen in simulations with low ppMLC2. These simulations instead

show a sigmoidal behavior. The existence of both biphasic and monophasic traction

force response is a novel finding beyond what is reported by other models. In either

case, the traction stresses arise solely from the combined actin-myosin contractility and

not from actin flow. We have identified how force develops in single filaments and how

both ppMLC2 and substrate stiffness are sufficient to increase force. These observations

of force generation in individual fibers does not scale up to traction stress per µm2.

Instead, if we consider the impulse transmitted by individual actin-myosin filaments

during each active binding event, a trend emerges (Figure 6.8B). Impulse is calculated

by

I =

∫ τ2

τ1

F dt (6.16)

where τ1 to τ2 is the time window when an actin-myosin filament is actively transmit-

ting force to the substrate via an integrin bond.
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6.4 Conclusion

Different cell types generate different levels of traction stress. The forces themselves

are not exclusive to a cell type. Rather, forces are dependent on myosin contractility

and microenvironment. We showed this by explicitly modeling motor activity. Stall

forces for individual actin-myosin filaments are dependent on the number of motors

and substrate stiffness. Counterintuitively, traction stress is not linearly dependent on

stall force. Rather, traction stress is limited by the bond lifetime. Consequently, we

show that traction stress is proportional to the impulse by individual actin-myosin sub-

strate attachments. Further more, there is no direct relationship with traction stress and

adhesion size. We show that traction stress increases within a limited range of adhe-

sion growth followed by a decrease in traction force as the adhesion size increases. Our

model outputs can be used as inputs in other pathways that are dependent on force,

such as FAK signaling to create a unified model with chemomechanical feedback.
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Chapter 7

Conclusion

Proper regulation of cellular function requires the integration of many signals. We ex-

plored intracellular calcium signaling activated by chemoelectric signals in heart cells

and how proper calcium signaling is crucial to force generation to maintain heart health

and function. We discussed how dysregulation of calcium handling in heart cells af-

fects force production and has deleterious effects on cardiovascular health. In epithelial

cells, we described a mechanism by which βAR activation by chemical cues increased

force generation. We further explored how epithelial cells generate force as a response

substrate stiffness. Both chemical and mechanical signaling are known to increase a

tumor’s metastatic potential. Clearly, chemomechanical signal transduction connects

mechanics to biology. Thus, quantitative evaluation of force is useful in understanding

physiological and pathological processes.

Aiding our understanding of cellular force generation are mathematical and compu-

tational models that integrate physics, biophysics, and biochemistry. Modeling allows

us to impose data-driven assumptions regarding biophysical and biochemical proper-

ties. Models are incrementally leveling up our understanding of how chemical signals

affect cellular mechanics. Computational models allow us to simulate scenarios at spa-

tial and temporal scales not yet feasible experimentally. This is a powerful advantage
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as we are not limited by instrument sampling rates. Thus, mathematical and computa-

tional models allow us to generate testable hypotheses, or hypotheses that are not yet

testable.

While we only focused on a handful of proteins, our model yielded insightful mech-

anistic explanations of force generation at the molecular level. Our model has the po-

tential to be used by researchers investigating force generation by actin-myosin contrac-

tility. For example, while our model does not currently have calcium as a regulatory

signal, it can be easily adapted to include calcium dependency [140]. In this manner, we

could use the calcium transient from our neonatal cell model as an input parameter in

the contractility model. Other applications of our model could include cadherins. Cad-

herins are similar to integrins, except that cadherins attach cells to neighboring cells, not

a substrate. This could be incredibly useful for models of collective cell migration. Fur-

ther more, our model could be used as a module for another model that requires sim-

ulated real-time force.Furthermore, our model could provide a missing link between

force generation and mechanotransduction, the conversion of mechanical signals into

biochemical signals, such as activation of FAK (focal adhesion kinase) signaling. This

would be a significant contribution to our model as we currently do not have any down-

stream effects of force by other mechanosensitive proteins, like FAK. FAK is perched

between integrins and actin-myosin filaments and is a key regulator of traction force.

Those signals could then feedback into our model to provide a more complete picture.

We look forward to the exciting discoveries that the next decade will bring in this highly

collaborative interdisciplinary area of research.
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FIGURE 7.1: Our model could be useful for force sensitive proteins
that provide downstream signaling and feedback into our model.
FAK (focal adhesion kinase) is a likely candidate for transducing
mechanical signals to chemical signals.
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TABLE A.1: Model parameters

Parameter Definition Value Unit Reference
k12 State 1 to 2 rate 1.4×10−4 ms−1 [183]
k23 State 2 to 3 rate 7.0×10−3 ms−1 [183]
k32 State 3 to 2 rate 1.1×10−2 ms−1 [183]
k34 State 4 to 4 rate 1.6×10−4 ms−1 [183]
k41 State 4 to 1 rate 2.8×10−2 ms−2 [183]
k152 State 15 to 2 rate 1 ms−1 Estimated
k215 State 2 to 15 rate k152 × MLC

ppMLC ms−1 Calculated
km Motor stalk stiffness 4 pN [204]
kB Boltzmann’s constant 1.3890610×−2 J/K
T Temperature 300 K
δ Myosin bond length 2.5 nm [77]
kact Integrin activation rate 23 ms−1 [205]
katt Integrin attachment rate 1×103 ms−1 [206]
y Motor step size 5.3 nm [207]
kspring Substrate spring constant 0.1-1000 pN/nm
k0 Slip bond off rate 0.1 ms−1 [208]
γ Drag on actin-myosin 6×10−4 pNms/nm [209]
k0catch Unloaded catch off rate 5.5×10−2 ms−1 [188]
k0slip Unloaded slip off rate 5.2×10−7 ms−1 [188]
A Fitting constant 3309 ms−1 [131]
B Fitting constant 3.942×10−7 ms−1 [131]
C Fitting constant 5.819×10−2 ms−1 [131]
ξ Unbinding length 0.74 nm [131]
ksfatt Actin-myosin attachment rate 0.65 ms−1 [206]
krec Talin recruiting rate 1.8×10−2 ms−1 [210]
kbranch Talin branching rate 2.5×10−5 ms−1 [210]
R No. of recruited filaments From simulation
b No. of branched integrins From simulation
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FIGURE B.1: Theoretical lifetimes for A) slip bonds, B) catch-slip
bonds, and C) updated catch-slip bonds
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FIGURE B.2: A) Heatmap representation of 100 force-transducing
integrins over 1– seconds. B) Traction stress is the sum of all forces
of 100 integrins at time t for all t.
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FIGURE B.3: A) Heatmap representation of 100 force-transducing
integrins (y-axis) over 100 seconds (x-axis). Force is transmitted to
the substrate when there is an intact physical connection between
actin-myosin and integrin. B) Matrix representation of integrins
trasmitting force to the substrate (1 = force transducing integrin, 0
= non-force transducing integrin. Bond lifetimes are calculated by
counting the consecutive 1’s.



Appendix B. Supplementary Material: Figures 79

FIGURE B.4: Heatmaps of (A) traction stress (B) and impulse show
similar trends, suggesting that impulse drives traction force mag-
nitude
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FIGURE B.5: Impulse is the area under the force curve. We calculate
the curve for each binding event. We then take the average of all
impulse values to determine average impulse.
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